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BiosensorsMatrix Assisted Pulsed Laser Evaporation (MAPLE) is a thin ﬁlm deposition technique which uses a pulsed laser
beam impinging, inside a high vacuum chamber, on a frozen target containing the guest molecules in a volatile
matrix to induce fast “evaporation” of the matrix, and ejection of the guest molecules. Lipase, an enzyme acting
as a catalyst in hydrolysis of lipids, iswidely used in biosensors for detection of triglycerides in blood serum. A key
action to this purpose is lipase immobilization on a substrate. In a recent paper, we have shown thatMAPLE tech-
nique is able to deposit lipase on a substrate in an active form. Here we show that addition to the guest/matrix
target of a small amount of m-DOPA (3-(3,4-dihydroxyphenyl)-2-methyl-L-alanine) in order to improve adhe-
sion and protect lipase secondary structure, also allows the lowering the laser pulse energy required for matrix
evaporation and therefore the risk of damaging the enzyme.
© 2015 The Authors. Published by Elsevier B.V. This is an open access article under the CC BY-NC-ND license
(http://creativecommons.org/licenses/by-nc-nd/4.0/).1. Introduction
In Pulsed Laser Deposition (PLD), a pulsed laser beam impinging on a
target made by the material to be deposited generates a plasma plume
thus transferring molecules to the substrate placed in front of the target.
This technique, widely used for deposition of high quality thin ﬁlms [1],
cannot be used for biologicalmolecules, polymers, or other large and del-
icate molecules [2] that can be damaged by laser radiation. In order to
avoid such damages the Matrix Assisted Pulsed Laser Evaporation
(MAPLE) [3] technique uses a frozen target containing the molecules to
be deposited (guest) in a volatile solvent (matrix) [4]. The pulsed laser
beam impinging onto the frozen target causes an abrupt evaporation of
the matrix containing the guest molecules. In the vacuum deposition
chamber, the vacuum pump system takes away the volatile matrix mol-
ecules andonly the guestmolecules reach the substrate placed in front of
the target. Details of our deposition system have been presented else-
where [5]. Here we underline that the presence of the matrix avoids, or
at least greatly reduces, laser induced damages to guest molecules.
MAPLE deposition of polymers [6–10] or organic molecules such as pro-
teins and enzymes [11–14] have been reported for several applications.. This is an open access article underThe sensing element in a biosensor usually combines an electro-
chemical probe with an appropriate enzyme thin layer [15,16]. In tri-
glycerides (TG) biosensors [17–19], a usual choice for the enzyme is
lipase since its chemical action is to catalyze the hydrolysis of triacyl-
glycerol to glycerol and fatty acids.
TG biosensors are commonly obtained as Ion Sensitive Field Effect
Transistors (ISFET) or as Electrolyte Insulator Semiconductor Capacitor
(EISCAP) devices. The enzyme for hydrolysis must be immobilized in
both cases on the sensor silicon substrate.
Today lipase immobilization still appears as a rather difﬁcult task
even if several techniques (physical adsorption onto an insoluble carrier
[20], entrapment within a matrix [21], cross-linking [22] and covalent
bonding [23] to an insoluble support) have been applied. Physical ab-
sorption onto insoluble carriers is themostwidespreadway to immobi-
lize lipases. It is carried out by dipping the support in a concentrated
solution of lipase, allowing physical interactions between the enzyme
and the carrier’s surface (Van der Waals forces, hydrogen bonding and
hydrophobic interactions, etc.). This procedure presents the advantage
of not involving chemical modiﬁcation of the enzyme. On the other
hand, several parameters, as the pH at which the adsorption is per-
formed, affect the adsorption of lipase onto the carrier. Moreover, the
adsorption of proteins on solid surfaces can induce structural changes
that can affect the entire macromolecule and consequently its catalytic
activity. Finally, the nature of the support is very important in determin-
ing the efﬁciency of the immobilization, as it can inﬂuence thethe CC BY-NC-ND license (http://creativecommons.org/licenses/by-nc-nd/4.0/).
Table 1
Target composition and the corresponding pulsed laser energy required to obtain MAPLE
deposition of the samples.
Sample Target composition Laser pulse energy
(mJ/pulse)
M-L1 Lipase (2‰wt) in water 526
M-L2 Lipase (1.8‰wt) m-DOPA (0.2‰wt) in water 410
M-L3 Lipase (0.9‰wt) m-DOPA (0.1‰wt) in water 410
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increase in catalytic activitywhen they are immobilized on hydrophobic
surfaces. This is associated to conformational changes in the enzyme
upon adsorption, creating an open, substrate-accessible active site.
This means that lipases recognize hydrophobic surfaces similar to
those of their natural substrates and they undergo interfacial activation
during immobilization [24].
The ability to preserve the native conformation of the enzyme hence
inﬂuences the immobilization efﬁciency.
In a recentwork [25], we have shown that it is possible, usingMAPLE
technique, to deposit lipase on a substrate partially preserving its con-
formational characteristics.
Mussel fouling on a variety of wet surfaces is due to the secretion of
liquid Mussel Protein Adhesives (MAP) that rapidly harden to form a
solid adhesive plaque capable of granting good adhesion to a wide vari-
ety of wet surfaces[26–29].
MeFP-1 (Mytilus edulis Foot Protein 1) contains 15% of L-DOPA (3,4-
dihydroxy-phenyl-L-alanine), responsible for the adhesive and cohesive
properties of mussel adhesive proteins. The cohesive role derives from
reactions following the oxidation of DOPA to DOPA-quinone, while
unoxidized DOPA has an adhesive action. Similar properties can be
found in m-DOPA (3-(3,4-dihydroxyphenyl)-2-methyl-L-alanine), an
analogous of L-DOPA with a methyl group added in order to improve
its solubility in water. In a previous paper [30] we have discussed and
demonstrated the use of MAPLE deposition of m-DOPA in improving
PEG adhesion for anti-biofouling applications.
Here, we report the MAPLE deposition of lipase adding m-DOPA as
an excipient to protect lipase from denaturation induced by freezing
and drying during plume expansion [31]. Moreover, m-DOPA absorbs
the infrared laser radiation used, since around 1064 nm there is the
third overtone of C–H stretching of aromatic groups [32], while water
does not have absorption bands near that wavelength.
2. Materials and methods
Candida Rugosa Lipase (CRL) type VII, obtained by Sigma–Aldrich,
was chosen for its positional aspeciﬁcity, i.e. the ability of acting on all
glyceride bonds, not depending on their position. Non-buffered
demineralized water was used as solvent. Target solution was prepared
by dissolving the appropriate quantity of lipase in water (sampleM-L1)
and adding the right quantity of anm-DOPA aqueous solution (samples
M-L2 and M-L3). The required amount of m-DOPA was added as a
1.0wt% suspension in bi-distilledwater starting from anm-DOPAhemi-
hydrate powder (obtained from Fluka).
About 2 mL of freshly prepared matrix/guest solution was placed in
the target holder inside the vacuum chamber and the target was frozen
by placing it in thermal contact with liquid nitrogen contained in a res-
ervoir connected to the MAPLE deposition system. The target tempera-
ture was lowered to about−130 °C and kept at this value during the
whole deposition procedure.
The vacuum chamber pressure was lowered, after target freezing, to
about 10−4 Pa, but its values increased by about one order ofmagnitude
during deposition due to the presence of matrix vapor generated by
laser pulses.
The substrate was placed in front of the target at a distance of about
0.9 cm. Such unusually short target to substrate distance was chosen to
maximize the deposition yield for sample characterization, since here
we are focused on the deposition of undamaged lipase rather than on
the optimization of the ﬁlm morphology. The Nd:YAG pulsed laser
was operated at its fundamental wavelength (1064 nm). Even if the
Q-switched Nd:YAG laser can be also operated at wavelengths corre-
sponding to second, third or fourth harmonics (532 nm, 355 nm,
266 nm respectively), the IR laser wavelength was chosen in order to
minimize photochemical damage of lipase, since it has a large absorp-
tion band [33], centered at 280 nm, in the UV region mainly used for
MAPLE deposition.The laser beam reached the target at an angle of 45°, partially fo-
cused to an ellipsoidal area of about 1.0 mm by 1.4 mm. The target
was moved back and forth by a computerized 2D translation system
so that, in order to avoid drilling, the beam scanned (one or more
times, depending on the total number of pulses) a target area of about
1.5 cm2. The values of the parameters of the laser beam(pulse repetition
rate: 4 pulses per second, energy pulse: see Table 1, and number of
pulses: 29720) have been discussed elsewhere [5]. Target composition
for each sample is shown in Table 1 together with the lowest pulse en-
ergy required to get a MAPLE deposition. In order to facilitate subse-
quent FTIR analysis of the samples, 13 mm diameter KBr pellets were
chosen as substrates for MAPLE deposition.
FTIR spectra were recorded, in the 4000–400 cm−1 range, using a
spectrometer equippedwith aDTGS KBr (deuterated triglycine sulphate
with potassium bromide windows) detector. A spectral resolution of
2 cm−1 was chosen and each spectrum represented an average of 32
scans, corrected for the spectrum of the blank KBr pellet.
Optical images of the deposited CRL ﬁlmswere obtained bymeans of
an Olympus microscope with 100× magniﬁcation, using a micrometric
slide.
Atomic forcemicroscopy (AFM) analysiswas performedbymeans of
a Nanoscope IIIa AFM (Veeco Instruments Inc., USA), operating in tap-
pingmode (scan size and rate of 1 μmand 1 Hz, respectively), equipped
with a silicon tip having nominal curvature radius of about 5 nm.
In order to assess the functionality of the deposited lipase, hydrolysis
tests were performed by emulsifying 1 mL of soybean oil in 2 mL of dis-
tilledwater bymeans of the surfactant tween 80® andmagnetic stirring
(500 rpm). After the emulsion was formed, the magnetic stirring was
set at 200 rpm, the biocatalyst anchored to the solid support were im-
mersed in the reactionmixture kept under stirring for 24 h. The reaction
products were qualitatively characterized by reverse phase thin layer
chromatography (RP-TLC), using precoated glass plates RP-18 and
acetonitrile-ethylacetate 2.5:1 as mobile phase. 60 μL of each reacted
mixture and of the untreated soybean oil were dissolved into 1mLof di-
chloromethane and droplets of 2 μL of these solutions were deposited
on the pencil spot on the bottom of the chromatographic plate. The
plates were immersed for about 1 cm into the mobile phase and left
for about ﬁfteen minutes, then the solvent front was marked. The chro-
matographic plates were then dried at 150 °C on a hot plate. The chro-
matograms were detected by spraying H2SO4 4 N on the dried
chromatographic plates and heating them at 150 °C.
3. Results and discussion
Last column in Table 1 reports the laser pulse energy required to ob-
tain a MAPLE ﬁlm on the substrate. The addition of m-DOPA actually
lowered the ablation threshold of the target thus allowing using a
lower laser energy pulse. This behavior can be explained since around
1064 nm (the laser beam wavelength) there is the third overtone of
C–H stretching of aromatic groups (catechol side chain of m-DOPA),
while water does not have absorption bands near that wavelength:
the presence of an even small amount of m-DOPA increased the overall
laser energy absorption of the target.
To study ﬁlm morphology in Fig. 1 we show the optical microscopy
image ofM-L2 (a) andM-L3 (b) samples. From Fig. 1(a) it can be appre-
ciated the uniform coverage of the support. Nevertheless, the surface is
Fig. 2. 2 μm × 2 μm AFM image of sample M-L3.
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can be recognized by the regular shape (square or rectangular). From
thismicrograph it can be inferred that the starting solutionwas too con-
centrated to be able to get a good deposition, with lipase dispersed at or
almost atmolecular level. In order to improve ﬁlmmorphology, in sam-
ple M-L3 the concentration of both solutes was lowered, maintaining
constant their ratio. The optical micrograph of the sampleM-L3 showed
in Fig. 1(b) displays the absence of micrometric features. The lipase ﬁlm
is not optically visible, but its presence is evidenced from its AFM
(Atomic Force Microscope) image presented in Fig. 2 in a 2 μm × 2 μm
window.
From the AFM image a much smoother ﬁlm appeared, with
nanometric rather than micrometric features. The deposition of sample
M-L3 resulted in nanoﬁlms that provided a full coverage of the support.
The structural characteristics of the MAPLE deposited lipase were
studied by means of FTIR spectroscopy. FTIR spectroscopy is widely
used for studying the secondary structure of proteins [34–36]. Indeed
different absorption bands arising from the protein backbone depends
on the structural context (α-helices, β-sheets, turns) of the bond in-
volved in the vibration. Among these, of particular utility is the band
designated as Amide I between 1600 and 1700 cm−1, which originates
primarily from the stretching vibrations of the C_O bond. This band is
due to the overlapping of different modes depending of the nature of
hydrogen bonding C_O⋯H\\N, determined by the secondary structure
of the protein. In details, three main secondary structure elements can
be observed at 1650–1660 cm−1 (α-helices), 1620–1650 cm−1 (β-
sheets) and 1660–1690 cm−1 (turns and other disordered structures).
At lower wavenumbers, 1610–1620 cm−1, absorption is attributed to
strongly intermolecular hydrogen-bonded β-sheets structures [37].
Quantitative analysis of the protein secondary structure was per-
formed by assuming that the amide I band was the linear combination
of Gaussian components arising from the various secondary structure
elements. The number and initial positions of these components were
set from the second derivative spectra, obtained after a binomial 5
point smoothing of the spectra (Savitzky–Golay method). Curve ﬁtting
was then performed using a ﬁxed bandwidth (12 cm−1) and a Gaussian
proﬁle. The intensity of each component was determined by the best ﬁt
results.
The FTIR spectra of the three samples in the region 1525–1775 cm−1,
together with the amide I curve ﬁtting into its Gaussian component, are
shown in Fig. 3. As can be seen, the peak representing aggregated
β-strands, i.e. stretching vibrations of intermolecular H-bonded
C_O in self-association at 1610–1620 cm−1, lose progressively in-
tensity by going from M-L1 to M-L3 in favor of the intensity of the
peaks representing native secondary structure elements.Fig. 1. Optical image of sampleEach component was correlated with the amount of peptide bonds
in the structural unit fromwhich the component originated, by dividing
the area under each component by the total area [38]. Quantitative re-
sults of the curve ﬁtting procedure for the three samples under study
and Gaussian component attribution are reported in Table 2. Peaks be-
fore 1600 cm−1 and after 1700 cm−1 are attributed to the side-chains
vibrations [38,34] and are not included in the calculation. In particular,
the Gaussian peak appearing after the deconvolution at 1585 cm−1 is
due to COO− antisymmetric stretching of Asp and Glu carboxylate
groups [38].
From the data in Table 2 it can be inferred that the sample deposited
without the addition of m-DOPA (M-L1) showed a high degree of
unfolding/aggregation/self-association (1624 cm−1) of lipase mole-
cules, especially at the expense of the secondary structure elements β-
sheets and turns. In fact, in the native conformation of Candida Rugosa
Lipase α-helices accounts for about 40%, while β-sheets for 23%, and
turns for 28% as predicted by FTIR [40]. Adding m-DOPA reduced the
percentage of self-association. Decreasing the concentration of the sol-
ute in the target (sampleM-L3) further reduced the unfolding/aggrega-
tion occurring during the MAPLE process and the α-helices proportion
almost reached that of the native conformation indicating that aggrega-
tionmainly occurred at the expenses of β-sheets. However somedegree
of unfolding/aggregation was still present in M-L3 sample, as indicated
in Table 2.s (a) M-L2 and (b) M-L3.
Fig. 3. FTIR spectra and deconvolution into Gaussian components: — curve ﬁtted spectra;
●measured absorption spectra. Top: M-L1 [25], middle M-L2, bottom M-L3.
Table 2
Position and percentage area of the Gaussian component deriving from the best ﬁt of FTIR





ML1 ML2 ML3 ML1 ML2 ML3
1624 1607 1618 55.4 47.1 27.1 Intermolecular H-bonded CO
in self-association [38–40]1625
1637 1639 1633 7.71 18.3 16.9 H-bonded CO in β-sheets [34]
1650 1653 1648 23.0 20.3 38.5 H-bonded CO in α-helices [34]
1663 1659 1665
1676 1673 1681 13.8 14.3 17.5 Turns [38]
1693 1688 1693
1699
Fig. 4. FTIR spectra of samples (a) M-L1, (b) M-L2, (c) M-L3 and (d) unprocessed lipase in
the amide A absorption region.
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band around 3300 cm−1, illustrated in Fig. 3 for the three samples under
study, compared with that of the unprocessed lyophilized lipase
(pressed into a KBr pellet). This band is due to the stretching of the N–
H bond. It is exclusively localized on the NH group and is therefore in-
sensitive to the conformation of the polypeptide backbone. However,
the frequency of the amide A vibration depends on the strength of the
hydrogen bond [34]. In particular, N–H bonds in α-helices and β-
sheets absorb around 3300 cm−1, while in random-coil structure theabsorption band shifts towards 3400 cm−1 due to the rupture of the
H-bonds [41]. Going from ML1 to ML3, a component at 3440 cm−1
representing H-unbound random coil structures progressively loses in-
tensity, while that at 3300 cm−1 increases, substantiating the decreas-
ing degree of unfolding in ML2 and ML3.
This trend outlined the efﬁcacy of m-DOPA in protecting lipase dur-
ing theMAPLE process. One reason for this is by acting as a radiation ab-
sorber, lowering the laser energy required for the deposition.
Furthermore, thanks to the two hydroxyl groups of the chatecol side
chain, m-DOPA provided hydrogen bonds with the polypeptide that
can protect lipase from denaturing [42], helping to preserve its native
form, both during the freezing phase of the MAPLE process and during
the dehydration phase occurring in the target-to-substrate journey. In
fact it was found that the addition of hydrogen bonding donor amino
acids exerted a protective effect on protein secondary structure upon
freeze-drying in a concentration-dependent manner [31]. The stabiliza-
tion was supposed to proceed via the water replacement hypothesis, a
mechanism which involves the formation of hydrogen bonds between
a protein and an excipient at the end of the drying process that satisfy
hydrogen bonding requirements of polar groups on the surface of the
polypeptide. The excipient concentration was higher than the one uti-
lized in this work (15–71% w/w vs. 10% w/w) and the efﬁcacy of the
Fig. 5. TLC of soybean oil using as catalyst (a) 15 mg of free-CRL, (b) MAPLE deposited li-
pase, sample M-L2 and (c) unreacted soybean oil.
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creasingm-DOPA concentration in order to obtain a better protective ef-
fect on the secondary structure of lipase.
Preliminary catalytic essays were carried out using as biocatalyst the
sample M-L2 in the hydrolysis of soybean oil. Reaction products were
qualitatively characterized by reverse RP-TLC comparing the results to
those obtained using as biocatalyst 15 mg of CRL lyophilized powder.
The chromatograms are shown in Fig. 5. For comparison, the chromato-
gram of untreated soybean oil is also reported.
Reverse phase separation enabled the resolution of the reactedmix-
ture into triglycerides (TGs), diglycerides (DGs), monoglycerides (MGs)
and free fatty acids (FFA). The order of retention on the chromatograph-
ic layer of the sample components follows the adsorption/partition type
mechanisms. The MGs, being themore polar, exhibit the least retention
and hence migrate up towards the solvent front followed by the FFA,
DGs and ﬁnally TGs [43].
The chromatogram of Fig. 4(a) and (b) showed the residual oil spots
below that of the hydrolysis products that, being more polar, were less
retained by apolar stationary phase. Furthermore, in the chromatogram
of Fig. 4(b), there is a halo that traveled farther the FFA and that is due to
MGs reaction intermediates. The chromatogramof the oil in Fig. 4(c), on
the other hand, was muchmore elongated in the TG region and did not
show a neat spot representing the fatty acids. The oil chromatogram ap-
pears elongated due to the variation in saturation and chain length of
the component fatty acids [43]. Instead the stain left behind the TGs
spot is due to some apolar compound present in the soybean oil and
its appearance does not depend on the reaction, since it is always pres-
ent both in the oil and in the reacted mixtures. By observing the differ-
ent areas and intensity of the burnt spot representing the fatty acids,
and considering the presence of MGs reaction intermediates in the
chromatogram of the reaction catalyzed by M-L3, it is evident that the
reaction catalyzed by the MAPLE sample occurred to a smaller degree.
Nevertheless it did occur, and the smaller quantity of fatty acidsobtained could depend on the smaller quantity of catalyst used (about
1 mg after MAPLE deposition).
4. Conclusions
Lipase, a catalyst in the hydrolysis of triacylglycerol to glycerol and
fatty acids, is used in biosensors for detection of triglycerides in blood
serum. A key issue is its deposition/immobilization on a substrate. In a
previous paper, we introduced the use ofMAPLE technique to deposit li-
pase, showing that the whole process (target freezing, laser irradiation,
impact on the substrate and vacuum exposition) can be carried out par-
tially preserving the enzyme activity. Here we suggest that the addition
of a small amount of m-DOPA can protect lipase from denaturation in-
duced by freezing of the target and by drying during its travel in the vac-
uum towards the substrate. Further studies are being carried out, but
these preliminary results lead us to the novel results that the presence
of m-DOPA in the deposition mixture reduces the required laser energy
in about 20% for theMAPLE deposition and, as far aswe can see today, it
does not chemically affect the enzymatic activity of lipase. Moreover its
chemical features should improve adhesion and therefore give a better
immobilization of lipase.
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